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Abstract Nanoscale biological fibers, such as collagen,
keratin or elastin, serve as building blocks for a wide variety
of biological tissues (for example, bone, skin and hair). As
such, the elasticity, strength and damage tolerance of these
fibers largely control the mechanical performance of tissues
at the macroscale. While there is a large body of experimental data for tests on whole biological tissues at the macroscale, mechanical tests on individual biological fibers are
scarcer because of their small size (400 nm diameter or less).
Isolating, imaging, handling and testing these fibers in hydrated conditions are significant challenges. The AFMbased and MEMS-based techniques developed in the past
to test such fibers offer high displacement and load resolution, but they lack the stroke and force capability required to
fracture strong and highly extensible fibers such as collagen
fibrils. In this work, a microscale mechanical testing platform capable of measuring the tensile stress–strain response
of individual type I collagen fibers and fibrils was developed
and validated. The platform is composed of a capacitancebased, nanoindenter transducer, an optical microscope to
monitor the deformation of the sample in situ and a set of
micromanipulators to isolate and handle individual fibers
and fibrils. Our preliminary results on type I collagen demonstrate the feasibility of monotonic and cyclic tensile tests
under the optical microscope and in hydrated conditions.
The setup can be used to study the elasticity, strength and
damage tolerance of type I collagen fibers and fibrils (using
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cyclic tests), and our preliminary data are consistent with
existing experiments and predictions from numerical models. This setup offers the advantage of being composed from
relatively standard components (optical microscope, nanoindenter) which means that it can be easily duplicated in
laboratories that already possess these instruments. This
technique can be used to assess the effect of environment,
genetic diseases or therapeutic drugs on biological tissues at
a fundamental level.
Keywords Collagen fibrils . Microtesting platform .
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Introduction
Proteins are the elementary building blocks of animal tissues. While inherently weak at the molecular scale, their
structural organization over multiple, hierarchical length
scales leads to robust and multi-functional materials and
tissues [1]. A better understanding of the mechanics of
protein fibers and fibrils is therefore highly relevant for
medicine, tissue engineering or biomimetics. For example,
the most common protein is collagen, which is found in all
living animal species [2], and which represents the most
abundant protein on Earth [3]. Collagen is a major building
block of the human body (representing about one third of
the total protein content [4]), and provides the structural
foundation of bone, cartilage, tendon, tooth dentin, skin,
blood vessels and eye cornea [5–8]. A thorough understanding of the mechanics of collagen may lead to improved
therapies for osteoporosis and genetic diseases [6, 9]. Collagen is also widely used in tissue engineering to build scaffolds
for cartilage or bone reconstruction [10, 11]. In this context, a
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better understanding of the mechanical behaviour of collagen
is also desirable to optimize the mechanical performance of
these scaffolds. Finally, an improved understanding of the
construction and mechanics of natural collagen-ceramic composites (such as bone) may inspire new biomimetic designs
for engineering composites [12].
Fibrous proteins such as collagen have a well documented
structure [13]. At the nanometer length scale, individual collagen molecules (tropocollagen) are formed using three α
chains mainly composed of glycine and two other amino acids
[4, 5, 13]. The three chains self-assemble by coiling around a
common axis, thereby forming tropocollagen molecules. In
the most common types of collagen (including type I collagen), tropocollagen molecules self-assemble into long collagen fibrils which have a diameter ranging from 10 nm to
500 nm (depending on the tissue from which it was obtained
[14]). The fibril length can range from one to hundreds of
microns and multiple fibrils typically assemble into larger
scale structures known as collagen fibers.
Experimental techniques for the mechanical characterization of collagenous materials at the tissue level are now
well-established in the literature for tendon and fascicles
[13, 15–24], for bone [25, 26] and fish scales [27]. However,
at smaller length scales the mechanical testing of microscopic collagen fibers and fibrils still presents many challenges:
(i) the samples are small (10 nm to 500 nm in diameter for
fibrils, which is less than or equal to the wavelength of
visible light) and are thus difficult to isolate, visualize,
manipulate, position, and attach to a loading device, (ii)
the samples must be kept hydrated, which prevents the use
of electron microscopes that operate in vacuum chambers
and (iii) the force required to rupture a collagen fibril is too
low to be accurately measured with conventional load cells,
and yet too high for nano and microscale techniques such as
force spectroscopy using an atomic force microscope
(AFM). Because the force-extension falls into an intermediate regime between macroscale and nanoscale testing, investigations on individual biological fibers such as collagen
fibrils are scarce, and are often limited to small deformations
[28–33].
Isolating individual collagen fibers and fibrils is typically
performed using combined chemical and mechanical disassembly of the macroscale tissue. Chemical procedures can
involve digesting non-collagenous materials [34, 35] or
swelling the dissected tissue in acid [28, 33]. Mechanical
disassembly is often performed using centrifugation [34,
35], blenders [28] or by smearing the collagen tissue on a
substrate [33]. Some of these processes may induce severe
stress and possibly significant damage on the fibers before
they are even tested. The fibers must then be tested in
hydrated conditions. Typically, phosphate buffered saline
(PBS) is used [28, 33]; however, other researchers have also
used moist, ambient air (relative humidity ranging from

30 % to 60 %) [28, 35]. Two approaches have been proposed to test such fibers in tension: microelectromechanical
systems (MEMS) loading devices [34, 35] or AFM force
spectroscopy [28, 33]; however, both methods have limitations. For example, neither method has yet been shown to
fail the sample and therefore obtain the full (up to failure)
stress–strain curve for collagen fibrils. Additionally, the
MEMS-based device measures displacements using an integrated Vernier scale which limits the resolution to about
0.25 μm [35]. The AFM techniques, on the other hand,
typically have excellent resolution of force and displacement; however, their maximum allowable force and displacement are limited so that investigations remain in the
small-strain (<5 %) regime [28, 33]. Another important
limitation of AFM techniques is that the test is “blind”: the
sample cannot be imaged as it is stretched in situ. Without in
situ imaging, important information such as the location of
sample failure (within the gage region or not) is unavailable.
At smaller length scales, the mechanical response of
individual collagen molecules were experimentally studied
using Brillouin scattering [36], X-ray diffraction [17], optical tweezers [37, 38] and force spectroscopy [39, 40]. However, without the means of accurately measuring the
diameter of the molecule, the mechanical tests have considerable uncertainty. This type of experimental data is also
needed to validate and complement recent numerical simulations that have revealed unique mechanisms associated
with the molecular structure of these fibers [41, 42].
This article presents an alternative approach to the testing
of long biological nanofibers such as type I collagen fibrils.
A first section presents the design and validation of an
alternative microscale mechanical testing platform. Afterwards, the second section presents the protocol for preparing
and handling individual collagen samples (fibers or fibrils).
Details on the tensile testing procedures follow in the third
section. Finally, preliminary results from type I collagen
tensile tests are presented in the last section.

A Capacitance-Based Microscale Testing Platform
Among existing technology for nanoscale actuation and
small force measurement, capacitance-based approaches offer a powerful combination of high force capacity, high
resolution and sensitivity. Capacitance-based transducers
are used in nanoindentation where they offer nanometer
and nanonewton resolutions. In this work, we used a commercially available nanoindenter transducer (Hysitron Inc.,
Minneapolis, MN) used in lateral force (scratch) mode,
following the recent work of Kaul and Prakash [43]. In this
setup, the Hysitron transducer was used as both the sensor
and the actuator for the tensile tests. The transducer consists
of a three electrode plate capacitive system, with two outer
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electrodes which remain fixed and one inner electrode
which is held by springs and is essentially free to float
between the outer plates. An AC voltage is applied to the
outer electrodes creating a linear electric field between the
plates (as in a conventional electric capacitor). The nanoindenter transducer tip is connected to the floating electrode
and the electric potential of the floating electrode is used to
measure tip displacement. A DC bias, applied to one of the
two fixed electrodes, creates an electrostatic attraction with
the floating electrode. The stiffness of the springs holding
the floating electrode can be calibrated with the magnitude
of this DC bias to measure force.
Figure 1 shows an overview of the experimental setup. The
transducer was clamped, upside-down, to the stage of an
upright optical microscope (Olympus Canada Inc., Markham,
ON) which is equipped with a CCD camera (Retiga-2000R,
1600×1200 pixel resolution) that was controlled by an imaging software (QImaging, Surrey, BC). Differential interference
contrast microscopy was used to image the fibers. Two micromanipulators (model MX1680R, Siskiyou Inc., Grants Pass,
OR and model SP-170X, Signatone Corporation, Gilroy, CA)
were mounted on either side of the microscope stage in order
to handle samples or to apply small amounts of glue or liquid.
The entire setup was placed on a vibration isolation table
(model 63–521 TMC, Peabody, MA). One end of the sample
was fixed to a substrate which was held by a micromanipulator. The other end was fixed and tested at the edge of a
platform made of mounting epoxy, which extended past the
side of the transducer (Fig. 1(b)). This platform was mounted

on the transducer tip to prevent water from entering the
transducer while testing in hydrated conditions.
The accuracy of the nanoindenter transducer was verified
(because of its unusual upside-down arrangement) by
deflecting a rectangular AFM cantilever of known stiffness
with the transducer tip [44]. The stiffness of a rectangular
AFM cantilever (tapping mode AFM probes, model MPP
11100–10, Veeco Instruments Inc., Plainview, NY) was first
measured using the hydrodynamic technique [45, 46],
which has been reported as being at least 10 % accurate
compared to other measurement methods [47]. The hydrodynamic technique measured a stiffness of 66 (±7) N/m. The
AFM cantilever was then mounted on a micromanipulator
and deflected using the nanoindenter transducer tip (in lateral mode) at rates of 0.23 μm/s and 0.70 μm/s, up to 5
microns, and then brought back to its initial position. The
load–displacement curve was linear during loading and
unloading (Fig. 2), and rate independent. The loading and
unloading portions of each curve were fitted with straight
lines to yield the stiffness. The average stiffness was found
to be 66 N/m with a standard deviation of 4 N/m (44
measurements). This result matched the reference value
obtained from the hydrodynamic technique and was within
the range of accuracy of similar investigations [44]. Therefore, this test validated the measurements of the upsidedown nanoindenter transducer in lateral mode.

Sample Preparation
The tasks of isolating, handling and testing individual collagen fibrils represent significant challenges that were
addressed by developing new experimental protocols, as
discussed in this section. The scales of a striped bass
(Morone Saxatilis) were used as the source of type I

Fig. 1 (a) Overall setup of the microtesting platform; (b) a closer view
of the transducer with an epoxy platform on its tip onto which one end
of the sample is fixed

Fig. 2 A representative force-displacement curve obtained when
deflecting an AFM cantilever with the transducer tip of the microtesting platform. The inset schematic illustrates the experiment as seen
through the microscope
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collagen fibrils. These fish scales are about 400 μm thick
and are composed of an outer mineralized bony layer and an
inner layer made of collagen fibers arranged in a crossply
fashion [48]. A whole, fresh, striped bass was purchased
from a local fish market and the scales were plucked manually from the skin. The extracted fish scales were stored in
a freezer at approximately −20 °C. On the day of testing, a
fish scale was thawed at ambient temperature and rinsed
with Milli-Q water (highly distilled, deionised water) [33].
Several collagen lamellae were detached and peeled off
from the fish scale using two sets of tweezers. The detached
collagen lamellae were then torn into smaller and smaller
strips using the tweezers, which yielded ribbon-like bundles
of collagen fibers (Fig. 3(a)). The ribbons were then deposited onto a glass slide and separated along the fiber direction
using the micromanipulators, which exposed a large number
of collagen fibers and fibrils (Fig. 3(a)). AFM imaging
(Veeco Instruments Inc., Plainview, NY) confirmed that
the isolated materials included individual collagen fibrils
200 to 300 nm in diameter with the characteristic 67 nm
D-banding pattern [13] (Fig. 3(b)). These “microdissections” were performed in hydrated conditions using thin
layers of Milli-Q water. When dry, the collagen ribbons
were brittle and could not be smeared, most likely because
of hydrogen bonds forming within fibers as the ribbon dried.
Once fibers and fibrils were identified, they were spread
over a 10 to 30 μm wide trench formed by two silicon
substrates (Fig. 4(a)). A successful dissection yielded several
(three or more) individual fibers and fibrils spanning across
the gap between the two substrates. An AFM cantilever was
then mounted onto one of the micromanipulators and was
used to deposit a droplet of epoxy glue (model 8276, J.B.

Fig. 3 (a) Exposed collagen fibers and fibrils obtained by tearing a
ribbon of collagen tissue. (b) An AFM scan reveals the approximately
67 nm D-period banding pattern of collagen fibrils

Weld, Sulphur Springs, TX) on one end of each fibril (Fig. 4
(b)). As reported in previous work, epoxy was found to have
the best adhesion on collagen [35]. A water droplet was added
on the other side of the gap to release the fibrils from the
substrate (Fig. 4(c)). The two substrates were then slowly
moved apart and separated, which resulted in multiple cantilevered fibrils attached to one substrate (Fig. 4(c)). The substrate with the cantilevered fibrils was then positioned near the
transducer platform using a micromanipulator, while the free
end of one of the fibrils was placed onto the platform. The
second micromanipulator, with an AFM tip attached at its end,
was used to deposit a droplet of epoxy glue that clamped the
free end of the collagen fiber to the platform (Fig. 4(d)). The
epoxy was left to cure for 8 h in ambient conditions before
starting the tests. In general, it was found that when the
ambient relative humidity was greater than 40 %, trace
amounts of water deposited on the substrate (as a result of
the dissection procedure) would surround the epoxy droplets
and the samples (Fig. 5) and would remain on the surface until
testing time. Future tests will include the capability to add
more water or saline to the substrate during the long curing
time to ensure that all samples remain hydrated (especially
when ambient humidity levels are low).

Testing Procedure
In order to stretch the sample, the transducer tip was actuated
using displacement-controlled loading functions programmed
prior to the actual testing. Load and displacement were
recorded by the transducer during the test, while images of
the fiber were captured with the optical microscope (Fig. 5).
Non-specific loads are forces measured by the transducer
which are only due to the stiffness of the transducer itself.
These forces were measured as a function of displacement by
repeating the programmed tensile test four times after failing
the sample (averaging the results) and were then subtracted
from the load–displacement data obtained during the sample
tensile test. The engineering stress was obtained by dividing
the corrected values of tensile force by the initial crosssectional area of the sample before deformation. The collagen
samples were all assumed to have a circular cross-section, and
the diameters of collagen fibers (≈1 μm) were measured
directly from digital images captured using the optical microscope. Collagen fibril samples were imaged after testing with
the AFM to measure their diameters (<500 nm). To account
for variations in sample diameter, four measurements were
made along the length of the sample and these were then
averaged. The variation of diameter for the collagen fibers
and fibrils did not exceed ±16 % from the mean diameter.
Engineering stress was used instead of true stress because the
current experimental setup has no means of accurately tracking the changes in sample cross-section during testing.
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Fig. 4 Handling and testing of
individual fibrils: (a) collagen
ribbons are dissected so that individual collagen fibrils span a
trench formed by two silicon
substrates. (b) An AFM tip is
used to apply droplets of epoxy
glue on one end of each fibril. (c)
Water is deposited onto the other
fibril ends to release them from
their substrate, and the substrate
is slowly moved away. (d) The
free end of the selected sample is
glued onto the testing platform.
All steps are performed under
the optical microscope

The strains in the collagen sample were determined from
both the transducer data and from imaging. The displacements measured by the transducer were plotted against the
strains computed from the images, which produced a nearly
linear curve. The slope of the line-of-best-fit provided an
“effective gage length”, which was subsequently used to
compute the strain from the transducer displacements. The
strains were therefore determined accurately, rapidly and in
a quasi-continuous fashion. For these preliminary tests, engineering strains were used for their simplicity and to compare with existing results from the literature [35]. Future
tests will include direct, on-sample measurements of displacements using optical methods and Lagrangian strains.

collagen fibers and fibrils. Figure 6 shows the forceextension and corresponding stress–strain curves obtained
for a collagen fiber (diameter: 1.4 μm, effective gage length:
22.5 μm) stretched up to failure at a rate of 0.67 μm/s
(engineering strain rate 3.0 %/s). The elastic modulus of

Results and Discussion
In this section, the capabilities of the experimental setup
developed in this work are demonstrated for individual

Fig. 5 Two images of a collagen fibril sample acquired during testing

Fig. 6 (a) Force-extension curve for tensile test on a collagen fiber. (b)
Corresponding engineering stress–strain curve
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Fig. 7 (a) The input loading function for the variable rate cyclic tests.
Loading rate was increased after every 2 cycles, up to 8 cycles. (b)
Resulting cyclic stress–strain curves

the collagen fiber was computed by fitting a line to the
initial region of the stress–strain curve (Fig. 6(b)) providing
a value of 1.20 GPa, which is within the range of moduli
previously measured for collagen fibrils [28, 34, 35]. Additionally, the slope of the stress–strain curve increased in the
region just prior to failure. Such strain hardening behaviour
has been reported previously for fibrils: as suggested by
Shen et al. [35], one possible explanation for the strain
hardening behaviour is the movement of water within the
sample. The reduction in fiber radius could create internal
pressure driving water out of the sample, increasing the
number of hydrogen bonds and increasing stiffness. Another
possible mechanism was discussed by Gautieri et al. [42]
based on results from numerical simulations: when collagen
molecules are stretched at rates less than 0.5 m/s (which,
according to the authors, represent physiologically and experimentally relevant loading rates), the molecules can unravel and straighten their α chains along the direction of
applied load, which also increases stiffness. The fiber eventually failed in tension within the gage region, providing
measures of strength and strain at failure of 212 MPa and
30 %, respectively. Additional data and statistics are required to get a more accurate understanding of these mechanical properties and their variations across samples;
however, this preliminary test demonstrated the capabilities
of the proposed experimental setup. The system is sensitive

enough to capture features on the force-extension curve, and
at the same time provides sufficient stroke and force to
fracture the collagen fiber.
The capability of the system to measure load and displacement in a continuous fashion together with the ease of
programming specific loading sequences provides a unique
opportunity to examine the viscosity and cyclic behaviour of
collagen fibers. To this end, rate effects were explored by
performing tensile tests using cyclic loadings of constant amplitude but at increasing load rates. The cyclic tests consisted of
eight cycles, each containing four segments: loading, holding
at a full extension of 8 microns, unloading, and holding at zero
displacement (Fig. 7(a)). The loading rates were increased after
each pair of cycles. The sample used for this test was a collagen
fiber (diameter: 1.1 μm, effective gage length: 47.7 μm).
The fiber was hydrated from water on its substrate (as in
Fig. 5) and demonstrated no signs of permanent plastic
deformation, even after undergoing relatively high (10 %)
strains (Fig. 7(b)). Shen et al. [35] remarked that fibrils
recovered from residual strains at a relative humidity of
about 90 % and with 100 min of recovery time. However,
the tests performed by Shen et al. were on collagen fibrils
instead of fibers, and samples were strained past 10 % [35].
Figure 7(b) demonstrates that humid collagen fibers from
fish scales might recover from residual strains on the order
of seconds (for strains less than 10 %). The negative stresses
in Figure 7(b), which occur at nearly zero strain during
unloading segments, indicate that the sample is being slightly compressed. This compression could be the result of
loading the sample past its yield point, causing inelastic
deformation and an increase in sample length. However,
because stress returns to approximately zero at the start of
each loading cycle, the fiber appears to have recovered from
these residual strains. Further testing would be required to
help solidify these preliminary observations.

Fig. 8 Strain energy dissipated as a function of strain rate. At each
strain rate, two cycles were performed. The upper marker corresponds
to the first cycle. The solid line represents the average of the two
markers at a given rate.
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The amount of strain energy dissipated as a result of
viscoelasticity was also quantified by calculating the area
of the loading-unloading hysteresis loop on the stress–strain
curve. Figure 8 presents the dissipated strain energy versus
the strain rates (1.05 %/s, 1.41 %/s, 2.11 %/s and 4.22 %/s).
At a given strain rate, two cycles were performed yielding
two points on Fig. 8. The average value of each pair was
used to obtain the result graphed using solid lines. The
results presented on Fig. 8 are consistent with previous
experimental results on fibrils [33] whereby increasing the
strain rate increases the amount of dissipation. For each pair
of cycles, the first cycle consistently dissipated more energy
than the second cycle, possibly because intramolecular hydrogen bonds were ruptured during the first cycle and these
did not have time to reform for the second cycle (the
rupturing and formation of hydrogen bonds is a dissipative
process). This rupturing of hydrogen bonds might also explain why the first cycles had much larger differences than
later cycles and why the lowest strain rate dissipated more
energy than the second lowest.
Cyclic tests can also be used to assess the accumulation
of damage in individual collagen fibers and fibrils. In its
simplest form, damage is characterized by one damage
variable and can be written as follows [49]:
D ¼ 1  S=S0
where S is the current stiffness of the sample and S0 is the
initial stiffness of the undamaged sample. This ratio eliminates the need to measure the initial cross-sectional area (A)
and the initial length (L) of the sample. By this definition,
damage can vary from D00 (no damage) to D01 (complete
failure: the material has zero stiffness and cannot sustain any
load). In practice, materials typically fail when the damage
reaches a critical value, Dc <1. In this work, damage accumulation was studied in an individual collagen fibril (diameter: 0.316 μm, effective gage length: 12 μm) by cyclic
load/unload tests of increasing amplitude (Fig. 9(a)). Cyclic
loads were performed at a constant rate of 1 μm/s. During
the first cycle, the sample was stretched by 3 μm, and at
each following cycle the displacement amplitude was increased by 1 μm to progressively induce damage in the
sample. The unloading/reloading sequence was used to
measure the evolution of modulus and in turn used to
compute damage accumulation. The transducer was held
stationary for 0.5 s between each loading and unloading
segment (during which sample recovery was assumed negligible) in order to prevent rapid changes in transducer
acceleration. Figure 9(b) shows the cyclic stress–strain
curves resulting from this experiment. Negative stresses
are observed for near-zero strains after the unloading portion
of the third cycle. These negative stresses are the result of
loading the fibril past its yield stress, causing inelastic

Fig. 9 (a) The input loading function for the cyclic tests with variable
maximum displacement. Loading/unloading rates were constant at
1 μm/s. (b) The resulting stress–strain behaviour for the collagen fibril

deformations and an accumulation of residual strains; when
the loading stage returns to zero the fibril is slightly compressed. The fibril eventually failed after 7 cycles, at a strain
of 58 % and stress of 125 MPa. The stress and strain at
failure were lower than the values proposed by Shen et al.
for monotonic loading (over 600 MPa and 100 %, respectively [35]) most likely because of the incurred damage from
repeatedly loading the fibril past its yield stress. In fact,
Shen et al. found that the yield stress of fibrils decreased
between cycles after loading/unloading a sample past its
yield point [35].

Fig. 10 Damage accumulation versus maximum strain of the previous
cycle compared with an approximation of the results presented in
Gautieri et al. [42]
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The stiffness of the sample was evaluated at the beginning
(loading segment) of each cycle using the slope of the line-ofbest-fit to the data points comprising the first 3 % strain. This
data was used to compute the accumulated damage as a
function of maximum strain endured by the fibril (Fig. 10).
Damage increases significantly up to 30 % strain, after which
no further damage was recorded. Further straining the fibrils
causes little additional damage before failure. The maximum
amount of damage withstood by the sample was Dmax ≈0.6.
This trend might be explained by the progressive breakage of
hydrogen bonds between tropocollagen molecules, which was
predicted for a single collagen molecule from numerical simulations [42]. Figure 10 shows that this evolution followed a
trend consistent with the damage evolution we measured on a
single fibril. The decreased number of intramolecular hydrogen bonds (as measured in molecular tensile test simulations)
appears to be directly correlated with the increased damage (or
decreased modulus) incurred by the fibril during tensile testing. Similar qualitative trends were observed for 2 other fibrils
tested under dry conditions (not shown here for brevity);
however, these dry fibrils ruptured at lower maximum strains
(between 20 % and 30 % strain). While more experimental
data is needed to assess the damage accumulation of collagen
fibrils, these preliminary tests demonstrate the versatility of
our microscale experimental platform.

Conclusions
In this work, a microtesting platform based on a standard,
capacitance-based transducer from a nanoindenter was developed and validated, and its ability to measure the tensile
behaviour of nanosclae biological fibers in hydrated conditions was demonstrated. New protocols to mechanically purify collagen fibers and fibrils were developed and presented.
To demonstrate the capabilities of the experimental setup,
three types of mechanical tests were performed on collagen
fibers and fibrils. Preliminary results range from supporting
previous measurements to quantifying relevant properties of
individual collagen fibers and fibrils: elasticity, strength, rate
dependence and damage tolerance. While further testing is
required to ensure consistency and to provide conclusive
experimental evidence on the mechanical behaviour of individual fibrils, the present results demonstrate the feasibility of
these tests and the versatility of the experimental setup. Sample preparation and handling remain the main challenge in this
type of testing, which explains the small number of samples
tested in this preliminary work. This is consistent with previous experimental work on nanoscale biological fibers, where
the number of samples can range from two [33] to just over a
dozen [35]. We are currently exploring ways to streamline the
preparation process so that a larger number of samples can be
tested in a shorter amount of time. The device presented in this

work overcomes some of the limitations of MEMS- and
AFM-based systems by developing sufficient stroke and force
to rupture a collagen fibril (up to failure), while providing high
resolution measurements with in situ observation. Finally, the
setup described in this article was assembled using instruments which are relatively common in research laboratories
(optical microscope, nanoindenter, micromanipulators). Thus,
it can be duplicated or adapted with relative ease to provide
unique opportunities for the testing of micro and nanoscale
biological fibers, in hydrated conditions, at a fundamental
level.
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